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Abstract
The relative contribution of different microbial groups to soil organic matter (SOM) turnover and utilisation of rhizodeposits
during a cropping season has remained largely unknown. We used a long-term field experiment (started in 1956), in which C3
crops were replaced with C4 silage maize in 2000, to investigate dynamics of fungi and bacterial groups and their utilisation of
‘young-C4’ and ‘old-C3’ SOM-derived resource every second week during the cropping season (June–Oct). Treatments include
bare fallow, unfertilised, fertilised with mineral N and fertilised with farmyard manure (FYM) addition. Extracted soil phospho-
lipid fatty acids (PLFAs) were pooled into Gram-positive, Gram-negative bacteria and fungi (18:2ω6,9) groups and their δ13C
values determined. Total PLFAs amount correlated to the SOM contents (highest in FYM) and increased over the cropping
season in N-fertilised and FYM treatments. As a result of a peak in plant growth during a period with frequent rain events in
August, δ13C of total PLFAs significantly increased from − 23.8 to − 21.6‰ and − 26.1 to − 24.7‰, in N-fertilised and FYM
addition, respectively. This clearly indicated a shift in microbial utilisation from old to young SOM sources, which was linked to
increased soil moisture contents and fungal biomass. The abundance of Gram-positive increased and that of Gram-negative
bacteria decreased until August and vice versa thereafter. The mean δ13C values of individual microbial groups were highest in
fungi (corresponding to their seasonal biomass variation) followed by Gram-positive and Gram-negative bacteria. The results
clearly demonstrated that irrespective of fertilisation type, fungi were the main players in seasonal SOM dynamics and were
strongly influenced by soil moisture and phenological stage of the maize (i.e. rhizodeposition). Disentangling these microbial
controls on C resources utilisation will be crucial for understanding C cycling during a cropping season or on an ecosystem scale.
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Introduction
Soil microorganisms act as a gatekeeper for soil–atmosphere
C exchanges (CO2) by balancing the release and accumulation
of soil organic matter (SOM). Plants transform atmospheric
CO2 into organic matter, which enters the soil either as shoot
and root residue inputs after plant death or as organic com-
pounds released by living roots (exudates) referred to as
rhizodeposition (Paterson et al. 1999; Jones et al. 2004).
However, the intensity and amount of rhizodeposition is con-
trolled by plant health and growth stage which in turn depends
on soil management strategies and environmental factors such
as moisture and temperature (Jangid et al. 2008).Management
strategies (e.g. fertiliser inputs) also directly influence the mi-
crobial nutritional demand, supply and substrate utilisation
pattern which govern soil nutrient cycling and subsequently
SOM sequestration (Leifeld and Kögel-Knabner 2005;
Shahbaz et al. 2017). Knowledge about the role in microbial
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transformation of rhizodeposits to SOM has remained unclear
due to changing plant-microbial interactions over the cropping
season e.g. caused by variations in substrate availability and
moisture contents (Börjesson et al. 2016). Soil moisture is
crucial in affecting microbial community composition (as bac-
teria is more sensitive than fungi to water stress) and
microbial-mediated decomposition of organic substrates and
the turnover of nutrients from inorganic fertilisers (Manzoni
et al. 2012; Zhang et al. 2018). Better knowledge about the
dynamics of microbial communities during a crop growing
season (i.e. under changing rhizodeposition and soil moisture
and temperature) is essential for understanding soil C balances
impacted by plant-microbial interactions.
Several studies have been invoked to explain the behaviour
of different microbial groups in exploitation of organic re-
sources, and few have been empirical and quantitative in ag-
ricultural soils (Baraniya et al. 2018; Börjesson et al. 2016;
Moore-Kucera and Dick 2008; Nannipieri et al. 2017). After
addition to soil, organic substrates decompose to CO2
(through mineralisation) or become part of SOM (Cotrufo
et al. 2013). The availability and composition of added sub-
strates affect activity, biomass and composition of soil micro-
bial communities (Griffiths et al. 1998; Heijboer et al. 2016).
For instance, during the cropping season, microorganisms
would experience more labile C input through root exudation
whereas outside the cropping season, dead roots and available
soil nutrients are important substrates to influence microbial
growth and activity (Börjesson et al. 2016). Thus, response of
microbial groups involves in SOM utilisation during low or
high substrate availability is expected to change with crop
growth stage and this need to be ascertained by continuous
measurements.
It has been reported that various microbial groups could
contribute differently in substrate utilisation (depending on
substrate nature) and SOM turnover (Ghafoor et al. 2017;
Pelz et al. 2005; Treonis et al. 2004). Whilst Gram-negative
bacteria typically are considered to be associated with the
consumption of easily degradable substrates (Bird et al.
2011; Creamer et al. 2015), Gram-positive bacteria are more
active in decomposition of recalcitrant SOM compounds
(Waldrop and Firestone 2004; Kramer and Gleixner 2006;
Bird et al. 2011), and fungi are considered to have extensive
roles in SOM turnover due to their greater ability to
depolymerise complex compounds through extracellular en-
zyme production (Blagodatskaya and Kuzyakov 2008;
Banerjee et al. 2016; García-Orenes et al. 2013). The fungal
contribution to the microbial biomass or respiration is highly
variable (e.g. can vary between 35 and 76%) in different soil
groups (Joergensen and Wichern 2008; Soudzilovskaia et al.
2015). A few reports have shown a quick transfer of newly
produced rhizodeposit-C to fungal biomass and a subsequent
ability to rapidly process easily available root C (Treonis et al.
2004; Denef et al. 2007). However, we still lack a thorough
understanding of the role of microbial groups in different C
resource (e.g. fresh or old) utilisation for better predictions of
SOM turnover as effected by seasonal variation and
fertilisation strategies during a cropping period.
We can extend the knowledge about the microbial groups
involved in SOM cycling by partitioning them according to
their preferential use of substrate sources, e.g. fresh/recently
added versus old C pools (Börjesson et al. 2016; Ghafoor et al.
2017; Morriën et al. 2017). This can be achieved by source
partitioning following the transition from C3 to C4 crops, e.g.
by tracing the isotopic signal of young or recent substrate
inputs from C4 crops and that from old C3-derived SOM
resources (Balesdent et al. 1987; Pelz et al. 2005; Shahbaz
et al. 2019). The source of substrates from young versus old
SOM assimilated by microorganisms will be reflected by the
isotopic C composition in microbial cells (Blagodatskaya
et al. 2011; Werth and Kuzyakov 2010). Phospholipid fatty
acid analysis (PLFAs) is a well-established technique that pro-
vides accurate estimates of soil microbial biomass (Frostegård
and Bååth 1996). By measuring the isotopic composition of
different individual PLFAs (Kuzyakov and Domanski 2000),
the substrate sources onwhich themicroorganisms are feeding
on, e.g. young versus old SOM pools, can be estimated. This
could enhance our understanding of the impact of microbial
groups, feeding on different substrates during a cropping sea-
son, on SOM dynamics and their role in processes important
to agriculture and the environment.
In a long-term Swedish field experiment (Ultuna,
started 1956), C3 crops were replaced with C4-maize in
2000 . The impac t o f c rop growth s tages ( i . e .
rhizodeposition) on the main microbial groups over a
cropping season was studied by analysing δ13C incorpo-
ration in PLFAs biomarkers. In situ seasonal dynamics of
main microbial groups and their assimilation of old (C3)
and young (C4) SOM resources were assessed through
changes in δ13C signature in PLFAs. The topsoil was
sampled to a depth of 20 cm every second week during
maize crop growth period in bare fallow, cropped without
or with N fertilisation and cropped with farmyard manure
(FYM) addition. The objective of this study was to inves-
tigate how various microbial groups were involved in the
assimilation and turnover of SOM (with a focus on young
and old C pools) during a maize cropping season (June–
October). Accordingly, it was hypothesized that (i) differ-
ences in the composition of main microbial groups as
determined by PLFAs analysis and their source (C3 versus
C4) utilisation pattern are more dependent on crop growth
stage and seasonal variation (i.e. soil moisture) rather than
fertilisation type and (ii) fungi have a more important role
than the bacterial groups, in modulating soil microbial
responses. We focused on three functional groups of soil
microorganisms, i.e. fungi, Gram-negative and Gram-
positive bacteria, to reveal their contribution to the
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decomposition of SOM under different C input regimes,
soil fertility and changing environmental conditions dur-
ing one cropping season.
Materials and methods
Study site and experimental design
The long-term field experiment is located at Ultuna,
Uppsala, Sweden (59′ 82° N, 17′ 65° E). The site has
remained under agricultural use (predominately C3 crops)
for at least 300 years. The experiment was initiated in 1956
to investigate the impact of various fertilisation strategies on
soil fertility. From 1956 to 1999, the site was kept under C3
annual crops, mainly spring barley, oats, rape, beet, mustard
and turnip. The C3 crops had an average δ13C signature of −
28.0 ± 0.0‰ (Menichetti et al. 2013). The δ13C signature of
soil in 1999 was about − 26.6‰ (Gerzabek et al. 2001). In
2000, C3 crops were replaced by C4 silage maize (Zea mays
L.; varieties ‘Loft’ 2000–2005, ‘Revolver’ 2006–2014 and
‘Yukon’ 2015–2017) having a root δ13C signature of − 12.3
± 0.0‰ (Menichetti et al. 2013). It was therefore possible to
estimate old (until 1999) and young C (after 2000) sources
in microbial groups involved in SOM turnover. Soil tillage
(with 0–20 cm depth) has been performed manually since
1956 (Kätterer et al. 2011). At the time of harvest, all above-
ground plant biomass was removed and thus input from
crop residues to the soil was only from maize roots. Here
the following treatments were selected: (i) bare fallow (un-
cropped without N fertilisation), (ii) cropped without N
fertilisation, (iii) cropped with N fertilisation at rates of
80 kg N ha−1 year−1 as calcium nitrate at the time of sowing
and (iv) cropped with FYM addition at rates of 4 Mg C ha−1
every second year in spring. The FYM derived from C3
crops and therefore, it had ca. −28.3‰ δ13C values. An area
outside the experiment was used as C3 reference site where
C3-crops have been continuously grown every year. Each
spring, all treatments including the bare fallow received
equal annual amounts of 20 kg P and 35–38 kg K ha−1, as
superphosphate and 35–38 kg K ha−1 as KCl. A more
detailed description of the experiment and results for the
first 35 years was presented by Kirchmann et al. (1994).
Each treatment had four replicates (with randomized com-
plete block design) and each replicate plot was 2 × 2 m.
Originally, the plots were separated by wooden frames ex-
tending to a depth of 30 cm, which were replaced by steel
frames in 2009. According to the shift from C3 to C4 veg-
etation, we define the SOM derived from maize as ‘young’
(i.e. C4 after 2000) and that derived from C3-crops grown
prior to 1999 as ‘old’. We use the term ‘fertilised’ to indicate
cropped treatments with N addition and ‘unfertilised’ for
cropped treatment without N addition. Table 1 shows the
selected general site properties at the time of sampling in-
cluding forage yields of maize.
Soil and weather conditions during sampling
The parent material consists of post-glacial sediments
(Gerzabek et al. 2001) and the soil is classified as a Eutric
Cambisol (Kirchmann et al. 2004). The soil has a clay loam
texture with 37% clay (mainly illite), 41% silt and 22% sand.
Before the start of experiment in 1956, the soil contained 1.5%
organic C and 0.17% N and was pH 6.6 (H2O). Since the
establishment of experiment (in 1956), the long-term treat-
ments were affecting soil pH (Table 1). However, it was as-
sumed that the seasonal impact on soil pH is low compared
with long-term treatments impact.
According to the Köppen classification (Peel et al. 2007),
the site has a Dfb climate (warm summer hemi-boreal) with a
mean annual air temperature of + 5.4 °C and mean annual
precipitation of 570 mm. The weather reported from the
Ultuna climate station (http://grodden.evp.slu.se/slu_klimat/),
about 200 m from the trial, showed that during 2017, sunshine
hours and temperature were close to annual average reported
by Börjesson et al. (2016). Precipitation was 33 mm in June–
July, 65 mm during August–September (the period of peak
crop growth) and 90 mm in October. Therefore, due to less
rain, the soil remained dry (close to wilting point) until mid-
August, which also affected crop yields relative to a normal
year. However, soil water contents remained approximately at
or above 12% of total soil mass (Fig. 1; measured by
Table 1 Soil properties and maize yield (aboveground biomass) in treatments in the Ultuna long-term field experiment used in this study
SOM (g C kg−1 soil) Total N
(g kg−1 soil)
C/N δ15N (‰) δ13C (‰) pH (H2O) Bulk density (g cm
−3) Maize yield
(kg DM ha−1)
Bare fallow 9.1 ± 0.02 0.99 ± 0.02 9.17 ± 0.04 9.0 ± 0.30 − 26.0 ± 0.06 6.02 ± 0.10 1.43 ± 0.06 –
Unfertilised 10.5 ± 0.03 1.13 ± 0.04 9.30 ± 0.22 8.9 ± 0.06 − 25.4 ± 0.05 6.10 ± 0.08 1.40 ± 0.02 551 ± 158
Fertilised 12.7 ± 0.03 1.32 ± 0.01 9.64 ± 0.21 7.9 ± 0.15 − 25.0 ± 0.07 6.52 ± 0.07 1.28 ± 0.04 1480 ± 209
FYM 20.1 ± 0.02 2.06 ± 0.04 9.74 ± 0.28 8.7 ± 0.07 − 26.7 ± 0.04 6.48 ± 0.06 1.24 ± 0.04 3636 ± 635
FYM, farmyard manure; ± standard error of mean; n = 4. Data on bulk densities and pH are from Kätterer et al. (2011). Detailed information about the
abovegrowth and belowground C input by the maize root is reported in Kätterer et al. (2011) and Shahbaz et al. (2019)
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gravimetric method as described by King (1981)). Soil tem-
perature was measured with automatic loggers (Thermo
Button 21G, progress plus, France), placed at 10 cm depth,
which registered soil temperature every third hour. During the
measurement campaign, mean soil temperature remained in
the range of 14 to 24 °C during June to August and then
declined to 5 °C in October (Fig. 1).
Crop growth and soil sampling
Maize was sown on 17th June 2017 and harvested as green
silage on 29th September 2017. For obtaining a high temporal
resolution under different C input regimes, the topsoil was
sampled (0–20 cm) continuously during maize cropping peri-
od. The first soil sampling was performed on 15th June prior
to sowing (PLFAs analysis were skipped for this point due to
expected least difference to the sampling point after sowing,
as shown for respiration data by Shahbaz et al. (2019)). After
sowing, the soil was sampled every two weeks during the
whole vegetation period including one additional sampling
after harvest. In each plot, five soil samples per plot were
taken to 20 cm depth, which were bulked together into one
composite sample. Two samples were taken close to maize
plants (at distance of about 5 cm) and three others randomly
at the center between two plant rows. The soil was kept cold
during sampling and immediately stored thereafter at − 20 °C
for a couple of weeks. The soil was freeze-dried and milled
before PLFAs analysis.
PLFAs extraction, analysis
The PLFA extraction procedure followed that described by
Frostegård et al. (1993), which is based on the method of
Bligh and Dyer (1959) as adapted by White et al. (1979).
After lipid fractionation, the phospholipids were derivatised
to fatty acid methyl esters (FAMEs) by adding methyl
nonadecanoate fatty acid (19:0) as an internal standard.
The quantification and isotopic composition of individual
FAMEs was determined using a GC Trace Ultra with combus-
tion column attached via GC Combustion III to a Delta V
Advantage isotope ratio mass spectrometer (all Thermo
Finnigan, Bremen, Germany). The column, running condi-
tions and quantification using the mass spectrometer data are
described in Thornton et al. (2011). Initial data processing was
performed using the instruments Isodat 3.0 Gas Isotope Ratio
MS Software (Ver 3.0) (ThermoFisher Scientific, Bremen,
Germany). These results were exported into Excel, and further
processed using in-house Visual Basic macros, which helped
in selection of peaks of interest using relative retention time
with respect to the C19:0 internal standard. The δ13C values of
the FAMES were normalised to the international standard of
Vienna Pee Dee Belemnite (VPDB) scale using USGS72
icosanoic acid methyl ester (C20 FAME, δ13CVPDB = − 1.54,
Reston Stable Isotope Laboratory) and C16:0 #1
hexadecenoic acid (C16 FAME, δ13CVPDB = − 30.74,
Schimmelmann laboratory, Indiana University) which were
run in duplicate at the beginning and end of every batch of
samples. Following this, the δ13C of the C added as a methyl
group during derivatisation was adjusted for using a mass
balance approach. The C19:0 internal standard added also
served as a quality control for δ13C values; long-term moni-
toring over several months gave a δ13C value of − 30.9 ± 0.99
(mean ± SD, n = 75).
Stable isotopic composition of all 13C-PLFAs data is
expressed as delta notation (δ) in parts per thousand (‰) of
a sample’s isotope concentration from the VPDB:
δ13C ¼ Rsample
Rstandard
−1
 
 1000
where R is the ratio of 13C to 12C in the samples or standard-
VPDB. The δ13C of PLFAs is influenced not only by the
isotopic signature of the source on which microorganisms
feed but also by fractionation during microbial metabolism
(Hayes 2001; Cifuentes and Salata 2001). The bare fallow
treatment had not received any C inputs, which would have
affected the isotopic spectrum of SOM, since 1956. The
difference between the 13C signature of the source (i.e.
SOM; see Shahbaz et al. 2019) and that of total PLFAs at
each sampling date in the bare fallow can be assumed to
reflect the fractionation factor arising from microbial me-
tabolism (Börjesson et al. 2016). This enabled us to use the
bare fallow treatment to calculate a fractionation factor that
would express the isotopic change arising from metabolic
fractionation. This factor was then used to estimate the
maize-derived 13C that contributed to each PLFAs class
over the maize cropping season. Further details about the
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contents at the experimental site under different long-term fertilisation
strategies over a maize cropping season. Maize was sown on 17th June
and harvested as green silage on 29th September. Error bar represents ±
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calculation and fractionation factor are presented in
Börjesson et al. (2016).
Composition of main microbial groups
A total number of 25 PLFAs biomarkers were used to calcu-
late total PLFAs contents (μg C g−1 or nano mole esters g−1
soil) and to study the composition of soil microbial groups. An
explanation of the nomenclature of different PLFAs biomarker
is given in the supplementary material (SM) (Fig. SM1).
PLFAs biomarkers were used to characterise different micro-
bial groups. To avoid misinterpretation three most common
and well accepted PLFAs groups were used to categorise the
major groups of microorganisms (Williams et al. 2013;
Börjesson et al. 2016). PLFAs with one double bond represent
Gram-negative bacteria (16:1ω7c, 18:1ω7, 17:1ω8c, cy17:0,
cy19:0), branched PLFAs are generally attributed to Gram-
positive bacteria (i15:0, a15:0, i16:0 and a17:0), and
18:2ω6,9 is regarded as a biomarker for fungi (Frostegård
and Bååth 1996; Kramer and Gleixner 2006). All the other
PLFAs were considered as general in this study. The concen-
tration (mass) of each individual PLFAs biomarker and their
δ13C values are presented in Fig. SM1.
Statistical analysis
The values presented in the figures and tables are given as
means ± standard errors (SE; n = 4). Differences between the
treatments were tested by post hoc (Duncan’s multiple range)
tests after analysis of variance (ANOVA) with time as a re-
peated factor. The ANOVA was based on treatments
(fertilisation strategies), sampling date and interaction be-
tween treatment and sampling date. Results different at
P < 0.05 level were considered significant. ANOVA tables of
all data presented in figures along with P values are given in
SM. Figures and statistical analyses were performed using
SigmaPlot (version 12.5; Systat Software Inc., UK).
Correlations between the data were analysed by Person’s cor-
relation method after checking assumptions i.e. level of mea-
surement, related pairs, absence of outliers and linearity.
Results
Total PLFAs and δ13C values
There was a strong correlation (r = 0.93; Table 2) between the
SOM contents and total PLFAs concentration (nmol fatty acid
esters g−1 soil). The total PLFAs mass was about 2–2.5 times
higher in soil samples from plots with FYM addition (70–
106 nmol fatty acid esters g−1) compared with samples from
the fertilised and unfertilised treatments, respectively (Fig. 2).
Except for bare fallow, the total mass of PLFAs increased
during the cropping season, particularly after August in the
FYM treatment (Fig. 2).
The δ13C incorporation in total PLFAs corresponded to the
fertilisation strategy. Since the origin of the FYM was C3
sources, δ13C of PLFAs were more depleted in the FYM treat-
ment at all sampling occasions compared with mineral N-
fertilised and unfertilised soils (Fig. 2). The cropping season
had a profound effect on δ13C values in total PLFAs within
treatments: A significant increase in δ13C was observed in
FYM (from − 26.1 to − 24.7‰) and mineral N-fertilised plots
(− 23.8 to − 21.6‰), particularly after August (peak in the
cropping season), which suggested a shift in microbial
utilisation from old (C3) to young (C4) SOM resources (Fig.
2). In contrast, the δ13C values of PLFAs in unfertilised plots
significantly decreased from − 23.7 to − 24.7‰ after August,
indicating a shift in the microbial metabolism towards old
SOM resources. However, this change in δ13C was reversed
in October.
Microbial groups and δ13C abundance
On the base of 25 identified PLFAs biomarkers, the microbial
communities were grouped into fungi (18:2ω6,9), Gram-
positive or Gram-negative bacteria and to general or unspecif-
ic (Fig. 3; Fig. SM1). Analogous to total PLFAs, the fungal
biomass also related to the SOM contents. The fungal biomass
was highest (71–175 μg C g−1 soil) under FYM followed by
fertilised and unfertilised treatments, respectively, with an ev-
ident increase over the cropping season (Fig. 3). After August
fungal biomass significantly increased from 54 to 115 μg C
Table 2 The Pearson correlations (r) between abundance of microbial
groups (fungi, total bacteria, gram-positive and gram-negative bacteria)
and total phospholipid fatty acids (PLFAs; collective biomarkers from all
treatments) with soil organic matter (SOM), moisture and temperature
over the maize cropping season (June–Oct). The correlations of microbial
groups within a fertilisation treatment are presented in Supplementary
Material Table SM1
Fungi Bacteria (total) Gram-positive Gram-negative Total PLFAs
SOM 0.68 (< 0.001)* 0.93 (< 0.001) 0.91 (< 0.001) 0.92 (< 0.001) 0.93 (< 0.001)
Moisture 0.72 (< 0.001) 0.51 (< 0.001) 0.40 (< 0.001) 0.60 (< 0.001) 0.54 (< 0.001)
Temperature − 0.33 (< 0.001) − 0.15 (0.092) − 0.11 (0.218) − 0.17 (0.0561) − 0.14 (0.116)
*P values (n = 128). The result is significant at P < 0.05
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g−1 soil under mineral N-fertilisation compared with
unfertilised plots (65–74 μg C g−1 soil).
In contrast to fungi, the contents of total bacterial biomarkers
(Gram-positive plus Gram-negative) increased over the vege-
tation season until August and declined thereafter (Fig. 4). The
contribution of Gram-negative and Gram-positive bacteria to
total bacterial biomarkers was season-specific. Except for the
mid-cropping season (August) the contribution of Gram-
negative bacteria to total bacterial biomarkers remained higher
than that of Gram-positive bacteria; with highest abundance in
FYM plots followed by fertilised and unfertilised plots (Fig.
4). However, irrespective of fertilisation treatment a seasonal
trade-off was observed between Gram-positive and Gram-
negative bacteria. The contents of Gram-positives bacterial
biomarkers increased and that of Gram-negatives decreased
until August, thereafter the opposite trend was observed
(Fig. 4). The bacteria to total PLFAs ratio increased until
August and declined thereafter in all treatments (Fig. SM2).
In contrast, fungal to total PLFAs ratio remained stable in all
treatments until August and then increased sharply under the
mineral N-fertilisation and FYM additions (Fig. SM2).
Except in the bare fallow treatment, Gram-negative bacteria
always had significantly lower average δ13C values than fungi
and Gram-positive bacteria (Fig. 5). No significant difference
was detected in δ13C values between Gram-positives and fun-
gi in soil samples from unfertilised plots. Over the cropping
season, fungi always had significantly higher δ13C values than
Gram-positive bacteria in the FYM treatment. A similar dif-
ference in δ13C in PLFAs under mineral N-fertilisation was
only observed after mid-August (Fig. 5). A seasonal increase
in δ13C values of fungi and Gram-positive bacteria was ob-
served after August in N-fertilised and FYM treatments. The
δ13C values of microbial groups remained constant in bare
fallow throughout the sampling period and remained constant
during the cropping season in the unfertilised treatment (Fig.
5).
Discussion
PLFAs and microbial groups
The results demonstrate how cropping season and changes in
soil moisture affect the growth, abundance and substrate
utilisation pattern of soil fungi and bacterial groups. Total
PLFAs (reflecting total microbial biomass) were strongly cor-
related to the SOM and soil moisture contents, as has been
previously reported for the same site (Börjesson et al. 2016).
The soil microbial abundance, as measured by total PLFAs,
increased during the cropping season (profoundly under
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FYM), which contrasted earlier observations (e.g. Börjesson
et al. 2016; Hamer et al. 2008; Jangid et al. 2008). The in-
crease in total PLFAs was prominent after August and coin-
cided with an increase in 13C in PLFAs (discussed below),
which was potentially due to two main reasons: (i) an increase
in soil moisture contents due to frequent rain events during or
after August (Fig. 1) and (ii) as a consequence of an increase
in substrate availability and rhizodeposition due to accelerated
plant growth (i.e. enriched δ13C young C4-resources avail-
ability, e.g. Dercon et al. (2006)).
Microbial communities are known to respond dynamically
to available nutrients, moisture and plant-microbe interactions
(Baraniya et al. 2018; Sasse et al. 2017; Hu et al. 2018; Zhang
et al. 2018). High rhizodeposition is generally believed to
favor Gram-negative bacteria, which should be seen as an
increase of in mono-unsaturated PLFAs (Treonis et al. 2004;
Kramer and Gleixner 2006; Tavi et al. 2013). However, results
show the opposite trend, with an increase of the ratio of
fungal:total PLFAs and a decrease of the bacterial (cumulative
of Gram-negative and Gram-positive): total PLFAs ratio after
August (Fig. SM2). This means that the increase in substrate
availability after the rain events (or microbial stress allevia-
tion) favored either the fungal growth, with up to 110% in-
crease in fungi biomass, or fungi outcompeted bacteria to
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benefit from rhizodeposition (Butler et al. 2003; Treonis et al.
2004). Moreover, fungi are usually considered to be less af-
fected than bacteria during competition with plant roots (e.g.
by making direct association with roots through mycorrhizae)
for nutrients and water from soil (Jones et al. 2004; Fontaine
et al. 2011; Hu et al. 2018). Although bacterial to total PLFAs
ratio declined after August (in contrast to fungi), a seasonal
trade-off was observed for Gram-positive and Gram-negative
bacterial abundance during maize cropping. Due to less rain,
the soil was relatively dry during early growth periods as
compared with the period after August (Fig. 1). Table 2 clearly
demonstrates that abundance of fungi (r = 0.72) and Gram-
negative bacteria (r = 0.60) were more strongly correlated
with soil moisture than Gram-positive bacterial abundance
(r = 0.40). Accordingly, the contents of Gram-positive bacte-
rial biomarkers increased until August, indicating their higher
ability to endure stress under low moisture or lower
rhizodeposition conditions (Williams 2007). Soil moisture
availability has also been shown to directly or indirectly im-
pact soil microbial community composition (Zhang et al.
2018). In general, certain Gram-positive bacteria (e.g.
Actinobacteria and Firmicutes) are considered more resistant
to drought stress than the Gram-negative bacteria (Chodak
et al. 2015). The increase in abundance of Gram-negative
bacteria (in all fertilisation strategies) after August could
mainly be linked to the high soil moisture or increased
rhizodeposition, which enabled them to outcompete Gram-
positive bacteria in resource utilisation. This increase in
Gram-negative was mainly connected to 16:1ω7c and
18:1ω7 biomarkers, behaving as expected (Treonis et al.
2004; Kramer and Gleixner 2006; Tavi et al. 2013) whilst in
contrast 19:0cy and 17:0cy remained more constant through
the season (Fig. SM1). However, the fungal abundance was
generally higher than the bacterial abundance (in contrast to
their abundance before August, i.e. in low moisture), which
indicates that fungi may have a more important role in C
cycling.
δ13C in total PLFAs and microbial groups
Following exclusively C3 vegetation, maize has been grown
at the trial site since 2000, which resulted in establishment of
δ13C gradient in SOM (Shahbaz et al. 2019). The δ13C values
in total PLFAs or in PLFAs within eachmicrobial groups were
compared as criteria to investigate the impact of seasonal
changes on substrate availability from SOM (i.e. old-C3 and
young-C4 pools or rhizodeposition) and on the composition of
main microbial groups. Similar to bare fallow, the enrichment
of δ13C in total PLFAs did not increase (even declined after
August) over the vegetation period in plots without
fertilisation (Fig. 2). The microorganisms could have become
limited in energy or nutrients during the cropping period due
to competition with roots that could force the microbial com-
munity to shift towards older (C3) SOM sources
(Blagodatskaya and Kuzyakov 2008). This decrease (or no-
increase of δ13C) may also reflect the N limitation to micro-
organisms likely bacteria, involved in N turnover (Petersen
et al. 2004). Correspondingly, the observed decrease in 13C
in total PLFAs was associated with an increase in abundance
of Gram-negative bacteria and a decline in their δ13C (Figs. 4
and 6, unfertilised).
In contrast, δ13C in PLFAs increased under fertilisation es-
pecially after August (concurring to total PLFAs amount),
both in mineral N and in FYM treatments. This indicated that
microbial utilisation of young SOM resources (C4) and/or
rhizodeposition increased over the cropping season. It is re-
markable that the increase in total PLFAs and their δ13C values
coincided with an increase of fungal biomass (18:2ω6,9) and
its increasing δ13C value, which indicated dominance of the
fungal community in exploitation of young SOM resources.
Fungi can use recalcitrant old SOM over short periods of time
(Paterson et al. 2008; Fontaine et al. 2011); however, this was
not evident in our case. Accordingly, Fig. 5 clearly demon-
strates that fungi had the highest δ13C values compared with
Gram-negative and Gram-positive bacteria. This was more
pronounced under fertilisation with mineral N or FYM with
a seasonal increase during the cropping period. This also
means that fungi responded rapidly and more dominantly
(than bacteria) to the changes in substrate availability, i.e.
due to rhizodeposition or rain events after August. Similarly,
there is evidence that changes in SOM quality, caused for
examples by manure application or rhizodeposition, can in-
crease the microbial biomass and induce shifts in their com-
munity composition leading to increases in fungal abundance
(Balasooriya et al. 2013; García-Orenes et al. 2013; Zhang
et al. 2018). Some studies report that Gram-negative bacteria
respond quickly to substrate availability or root exudates
(Butler et al. 2003; Koranda et al. 2011). In our study, abun-
dance of Gram-negative bacteria increased over the cropping
season but δ13C remained relatively stable or actually declined
in unfertilised plots. The Gram-negative bacteria retained the
lowest δ13C values (Fig. 5), with minimal changes over the
cropping season, demonstrating that they were associated
mainly with old (C3) SOM resources. In the bare fallow (with-
out substrate addition since 1956), fungi and Gram-negative
bacteria shared a similar δ13C signature whilst Gram-positive
values were more enriched. Overall the results show that the
microbial groups used different strategies to grow and to feed
on C sources, which depends on nutrients availability (e.g.
fertilisation strategy) and cropping season i.e. rhizodeposition.
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Implications of quantitative source estimation
in PLFAs
The contribution of C4-derived C in the weighted average of
PLFAs should follow the trend of its δ13C values. In the pre-
vious work, the contribution of C4 derived C in the microbial
biomass (on the base of PLFAs biomarkers), after vegetation
shift, has been reported to 10–30% (Menichetti et al. 2013;
Novara et al. 2014; Börjesson et al. 2016). Two years follow-
ing a shift from C3 to C4 vegetation, Kramer et al. (2012)
estimated that maize-derived C can contribute to 25% in total
microbial biomass. Our study reports values of C4 usage in
PLFAs in a similar range (ca. 13–40%with seasonal variations
(Fig. SM3)), albeit somewhat larger as expected given the
longer time period since the shift from C3 to C4. However,
we assume that quantitative estimation of young versus old
SOM-derived C in PLFAs groups by using two-source mixing
model could be suspect due to multisource inputs (e.g. in the
FYM treatment in this study) or if potential changes in δ13C
fractionation during decomposition remains unconsidered.
Under natural abundance, slow changes in δ13C signatures
occur due to either isotopic fractionations within microbial
cells during metabolism or microbial preferential substrate
utilisation or accumulation of 13C-enriched microbial
necromass (Hayes 2001; Cifuentes and Salata 2001; Werth
and Kuzyakov 2010; Blagodatskaya et al. 2011). The magni-
tude of the metabolic fractionation has been debated in the
literature (e.g. Blagodatskaya et al. 2011; Schneckenberger
and Kuzyakov 2007); experimental evidence suggests that
this effect is real and needs to be considered in calculations.
Some studies have considered this by assuming a fixed frac-
tionation factor (Menichetti et al. 2015; Börjesson et al. 2016).
However, this factor may vary between treatments and over
the growing season due to changes in substrate availability
(i.e. rhizodeposition) and microbial diversity (Cifuentes and
Salata 2001; Ghafoor et al. 2017; Novara et al. 2014; Yang
et al. 2014). Therefore, both fractionation during metabolism
and preferential microbial utilisationmay impact independent-
ly on resource (e.g. C3 versus C4) estimations in PLFAs. To
avoid such artefacts, it is necessary to consider all the possible
factors involved in δ13C variations during calculation for
proper estimation of the amount of young (e.g. C4-derived)
or old (e.g. C3-derived) C that contributed to each PLFAs
class over the growing seasons. For the estimation of δ13C
in PLFAs, we have considered the fractionation factor sepa-
rately for each individual sampling point by following
Börjesson et al. (2016). However, Fig. 6 illustrates the re-
source utilisation pattern (proportion of C4-young versus
C3-old C) by microbial groups on the base of microbial abun-
dance and changes in their δ13C values over the maize
cropping period.
Conclusions
This study establishes that fertilisation strategy, maize growth
stage and seasonal variation (especially soil moisture content)
have a strong impact on shaping the composition of main
microbial groups and their ability to utilise SOM resources
(as identified through 13C values of PLFAs and following a
switch fromC3 tomore 13C enriched C4 vegetation). The total
PLFAs amount (indicating biomass) increased over the
cropping season which coincided with an increase of 13C in
PLFAs under fertilisation, with both calcium nitrate and FYM.
At the time of early growth period, bacteria (with ability to
endure low moisture stress) share the major contribution in
total PLFAs contents. During high substrate availability pe-
riods (i.e. after August with frequent rain events), fungi were
the most dominant microbial group which outcompeted bac-
teria in utilizing young (rhizodeposition) SOM resources. This
was also confirmed by the highest δ13C values in fungi
followed by Gram-positive and Gram-negative bacteria.
Irrespective to fertilisation strategy, a seasonal trade-off was
observed between Gram-positive and Gram-negative bacteria.
The contents of Gram-positive biomarkers increased and that
Fig. 6 A conceptual illustration of rhizodeposition under stress and relief
conditions affecting plant growth and microbial communities
functioning. Under stress (left side), plant growth is limited by soil
moisture and thus less substrate is available to microbes. Water stress
resulted in community shifts favoring bacteria (particularly G+
bacteria). Under relief conditions (right side), the total biomass
increased with higher abundance of fungi than bacteria. The gradient
color fill intensity within individual parts of the pie charts illustrates the
microbial substrate utilisation pattern of old (C3) versus young (C4) SOM
resources (as evident through 13C values). We propose that the micro-
bial biomass at any specific time period reflects the amount of substrates
accessible by the microbes and the amount of microbial derived SOM
(e.g. necromass, as explained by Cotrufo et al. 2013)
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of Gram-negative decreased until August, and vice versa
thereafter. Our results emphasise the importance of soil mois-
ture and cropping growth stage in modulating plant-microbial
interactions and reveal the pivotal role of fungi versus bacteria
in SOM turnover during periods with high rhizodeposition.
These findings also provide insights on how microbial groups
and their interaction control SOM resource utilisation and C
cycling under changing biotic and abiotic conditions.
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